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Cultivable Cellulolytic Bacteria Associated with Allonothrus russeolus russeolus Wallwork,1960 (Acari: Oribatida) from Kerala, India: Isolation, Characterization, and Potential Role in Organic Matter Decomposition
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ABSTRACT 

	
Aims: This study aims to isolate and characterize cultivable gut bacteria of Allonothrus russeolus russeolus Wallwork, 1960 by standard biochemical tests and to evaluate their cellulolytic potential, followed by 16S rRNA sequencing on representative isolates. 
Study design:  Experimental, laboratory-based study.
Place and Duration of Study: The sample collection of oribatid mites and their identification was carried out at the Government  College Madappally, Vadakara, Calicut, Kerala, India, in July 2025. The bacterial isolation, cellulolytic screening, and 16S sequencing of selected isolates were performed at Biomes-care Laboratory, Malappuram, Kerala, India, from July 2025 to September 2025.
Methodology: Adult A. russeolus russeolus was surface sterilized before homogenization and plated on nutrient agar. Distinct bacterial colonies obtained were purified and subjected to standard biochemical assays and Gram staining. The cellulolytic activity of the purified colonies was evaluated using carboxymethyl cellulose (CMC) agar plates. Isolates with successful DNA isolation and PCR amplification were further identified by 16S rRNA sequencing.
Results: The purification and biochemical tests revealed the presence of six distinct bacterial isolates. Gram staining characterized the four bacterial isolates as Gram-positive rod-shaped morphology and two as Gram-negative rod-shaped morphology. Five of the six bacterial isolates showed cellulolytic activity on CMC agar plates. Successful 16S sequencing characterized three of the isolates as Priestia megaterium, members of the Bacillus cereus group, and Pantoea dispersa.
Conclusion: The study provides baseline information on the cultivable cellulolytic gut bacterial community associated with A. russeolus russeolus. The occurrence of cellulolytic bacteria suggests a possible role of gut microorganisms in cellulose degradation, complementing the digestive and ecological activities of their mite hosts, and highlights the need for further studies on the functional significance of gut microbial associations in oribatid mites.
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1. INTRODUCTION 

Oribatid mites are known to be the numerically dominant and morphologically diverse microarthropod fauna in soil (Norton, 1990; Maraun and Scheu, 2000; Behan-Pelletier and Hill, 1978).  These organisms inhabit a variety of terrestrial habitats, and a few of them are also found associated with moist, riparian, and semi-aquatic habitats (Weigmann, 2006; Schatz, 2005; Behan-Pelletier and Walter, 2007; Julie et al., 2013; Julie and Ramani, 2008). Oribatid mites known to facilitate decomposition and nutrient cycling (Lindo and Winchester, 2006; Siepel and de Ruiter-Dijkman, 1993). They are involved in soil formation as well (Coleman et al., 2004; Wall et al., 2008). They have been used for soil quality assessments due to sensitivity to environmental changes (Gergócs and Hufnagel 2009; Maraun and Scheu, 2000).
Previous studies on the feeding biology of oribatid mites reveals a variety of feed as their diet including dead organic matter, leaf litter, fungal hyphae and spores, fungal materials, mosses, lichen, algae, pollen but varying in preference (Luxton, 1972; Maraun and Scheu, 2000; Schneider et al., 2004, Hartenstein 1962; Julie and Ramani 2013; Julie et al., 2013; Koukol et al., 2009; Ramani and Haq 1991; Ramani and Haq1999; Syamjith and Ramani 2020). Oribatids have also been found to feed on dead animals (Wallwork, 1958; Smrž and Norton, 2004). Modern molecular gut content analysis even confirmed nematode consumption in this soil decomposer organism (Heidemann et al., 2011). Based on these observations, researchers attempted to categorize oribatid mites in different feeding guilds, such as macro phytophagous (feeding on dead wood, roots, and litter material), micro phytophagous (feeding on fungi, lichen, algae, and pollen), and pan phytophagous (non-specialized feeders) (Siepel and de Ruiter-Dijkman, 1993). 
Beyond resource choice, feeding guilds implicitly depend on digestive capacity, drawing attention to the role of host–microbial interactions in oribatid mites (Potapov et al., 2022; Gong et al., 2022). Host – microbial interactions play an important role in the growth and adaptations of many plants and animals (Ley et al., 2008; Shapira, 2016). Microbiomes in animals serve as the host's counterpart and have an impact on nutrition absorption and host metabolism (Lee and Hase, 2014). In turn, host-associated microbes' community assembly is influenced by the host's physiological state (Dethlefsen et al., 2007; Yun et al., 2014). Thus, the gut microbial populations of decomposers at different trophic levels may vary. Additionally, oribatid mites mostly consume fungus, but they have limited ability to digest cellulose and chitin independently (Siepel and de Ruiter-Dijkman, 1993; Smrž and Norton, 2004; Smrž and Čatská, 2010). Thus, the digestion of complex chemicals may be aided by bacteria in their stomach, which benefit from constant resource input and dissemination as a result of the animal's vertical and horizontal mobility in the soil, which makes it easier for the microbes to colonize new environments (Behan and Hill, 1978; Renker et al., 2005; Perotti and Braig, 2011).
Globally, only a few studies investigated gut content using basic microscopy, fungal DNA isolation, or high-throughput sequencing of gut bacteria (Renker et al., 2005; Bluhm et al., 2019; Lindo and Winchester, 2006). India, particularly the Western Ghats of Kerala, harbors a rich diversity of oribatid mites, and numerous taxonomic studies have documented this fauna (Haq & Ramani, 2002; Julie & Ramani, 2008; Arun & Ramani, 2020). But culture-based investigations on the microbial associates of oribatids are relatively limited from Kerala (Haq & Konikkara 1988). The culturing and identification of cultivable gut bacteria in oribatids will help to interpret digestive capacities, understand functional roles, and refine feeding guild classifications (Siepel and de Ruiter-Dijkman, 1993; Maraun et al., 2003). The biochemical and cellulolytic characterization followed by selective molecular identification of gut bacteria linked to Allonothrus russeolus russeolus Wallwork, 1960, will provide the first such dataset from Kerala.
Thus, the study at hand aims to isolate and characterize cultivable gut bacteria associated with A. russeolus russeolus by means of culture-dependent methods, biochemical assays, Congo- red cellulase screening, and 16S rRNA sequencing. This approach helps to identify the gut bacterial taxa of oribatid mites and to deduce their potential roles in feeding and digestion. These outcomes form baseline data on gut-associated bacteria of oribatid mites from Kerala. The findings contribute to a broader understanding of oribatid -microbe interactions.

2. METHODOLOGY 

2.1. Study area
The soil sample for the extraction of oribatid mites was collected from the campus of the Government. College Madappally, Vadakara, Kerala, India (11° 38' 53.60723’’ N &75° 34' 10.72552’’ E) in July 2025.

2.2. Extraction and identification of Oribatid mite
The upper soil layer, up to a depth of 5-10 cm, and litter samples were collected using a clean shovel and were carefully transferred to a zip-lock cover with proper labelling. The samples were then subjected to extraction with the help of the Berlese-Tullgren funnel apparatus at the Government College Madappally. From the extracted and sorted out oribatid mite fauna, the abundant species were aliquoted for both taxonomic identification and gut bacterial isolation. The specimen aliquoted for taxonomic identification was preserved in 70% alcohol and processed accordingly (Haq and Ramani, 2002). The taxonomic identification was followed by taxonomic keys (Balogh, 1965,1972), (Balogh and Balogh, 1992,2002), and relevant literature.

2.3. Surface sterilization
A total of 20 adult mites were selected for bacterial isolation. To remove potential surface contaminants, the mites were first immersed in 70 percent alcohol for 1 minute, followed by a 1-minute rinse with 5% sodium hypochlorite(bleach) and three consecutive sterile water rinses (Binetruy et al., 2019). Further processing upto the PCR amplification of final bacterial isolates was carried out at Biomes-care laboratory, Malappuram, Kerala, India.

2.4. Homogenization and plating on nutrient agar
Surface-sterilized mites were transferred into a microcentrifuge tube with sterile phosphate-buffered saline. Mite crushed gently, using a sterile micropipette tip, was subjected to a standard serial-dilution procedure (10⁻¹–10⁻³) to obtain suspensions suitable for bacterial isolation.
Aliquots of diluted homogenate were plated on the nutrient agar medium employing the spread plate method and were incubated at 28 ± 2°C for 24 hours for bacterial growth. The colonies developed were purified by quadrant streaking. The purified colonies were then transferred to nutrient agar slants for further analysis.

2.5. Gram’s staining and Biochemical characterization

Standard Gram’s staining (Holt et al., 1994) was carried out on the purified bacterial colonies to understand the cellular morphology and reaction types. The isolated bacterial colonies were also characterized by conventional biochemical tests such as Indole production test, Methyl Red (MR) test, Voges- Proskauer (VP) test, Citrate utilisation test, Catalase production test, Oxidase test, and Triple Sugar Iron (TSI) Agar test following standard microbiological protocols (Hemraj et al., 2013).

2.6. Cellulolytic activity screening
The bacterial isolates were screened for cellulolytic activity qualitatively using the Congo red assay. The isolates were spot inoculated onto Carboxymethyl Cellulose (CMC) agar plates. Following incubation (28 ± 2°C for 48–72 h), the plates were flooded with 0.1% Congo red solution for 15 min and destained with 1 M NaCl subsequently. The appearance of clear zones surrounding the bacterial growth denotes cellulose hydrolysis and cellulolytic potential.

2.7. Molecular characterization
DNA extraction of the bacterial isolates was performed using a conventional lysis-based method. The 16S rRNA gene was amplified using universal bacterial primers 27F and 1492R (Lane, 1991). The PCR products were verified by agarose gel electrophoresis, purified, and submitted for sequencing. The obtained forward and reverse sequences were trimmed and aligned by Clustal W. The consensus sequence obtained was compared with other sequences in the NCBI database using the BLAST tool (Altschul et al., 1990). The species assignment was based on the highest sequence similarity matches. 

3. RESULTS & DISCUSSION

3.1. Identification of mite
The abundant species of mite used for gut microbial isolation was identified as Allonothrus russeolus russeolus Wallwork, 1960, up to the species level. The nomenclature follows (Aoki, 2000) and (Norton and Ermilov, 2024), in which Allonothrus russeolus russeolus Wallwork, 1960 is considered the valid name and senior synonym to Allonothrus giganticus Haq, 1978 and Allonothrus pararusseolus Subias & Sarkar, 1982.
Taxonomic identification of the host species is important to discuss the host microbial interaction because the microbial community may vary among closely related species. Recent taxonomic revisions have resolved the synonymy within the genus Allonothrus, thereby providing a stable taxonomic framework for ecological and microbiological investigations.

3.2. Isolation and characterization of cultivable bacteria
From the surface-sterilized homogenate of A. russeolus russeolus, different bacterial colonies were isolated (Figure1a), and six morphologically varied colonies were purified on nutrient agar plates (Figure 1b). Gram’s staining of the purified bacterial isolates revealed colonies with four Gram-positive rod-shaped morphology and two Gram-negative rod-shaped morphology (Table 1). The biochemical screening of the six bacterial colonies showed marked differences in the standard biochemical reactions such as MR, VP, Citrate, Catalase, Oxidase, Indole, and TSI reactions, making them biochemically distinct groups (Table 2).
Surface sterilization before gut homogenization increases the likelihood that the recovered bacteria originated from the mite gut rather than the body surface. The presence of multiple morphologically and physiologically distinct bacterial isolates suggests that A. russeolus russeolus harbours a diverse bacterial community. The gut of the oribatid mites is a potential reservoir of diverse bacterial taxa as they are continuously exposed to microorganisms through feeding on litter, fungi, and decomposing organic matter. The presence of both Gram-positive and Gram-negative bacterial isolates may indicate the differences in the ecological adaptations and metabolic capabilities of gut microbiota associated with A. russeolus russeolus. Like any approach that is based on culture, the bacterial diversity identified in this study probably only captures a fraction of the overall gut microbiota. Numerous bacteria linked to soil microarthropods are either difficult to cultivate or cannot be grown using standard media (Amann et al., 1995). However, culture-based investigations provide benefits by yielding isolates for various functional tests, which include enzymatic characterization, experiments on host–microbe interactions, and potential evaluations of digestive functions. This type of information cannot be solely derived from sequencing-based studies (Lagier et al., 2018).


3.5. Cellulolytic activity
Qualitative screening of cellulolytic activity on CMC agar revealed cellulose hydrolysis by five of the six bacterial isolates (1,2,8,9, &11), as indicated by the formation of clear zones around the colonies following Congo red staining (Figure 2). 
The cellulolytic activity exhibited by the bacterial isolates suggests that the gut bacteria associated with A. russeolus russeolus may possess the ability to degrade cellulose or cellulose-derived substrates. The previous laboratory food choice test on this mite species revealed a generalist feeding pattern. Hence, litter and plant-derived materials can be a part of its diet. Presence of cellulolytic gut bacteria may therefore contribute to the digestion of ingested plant material and facilitate nutrient absorption by the host. Similar roles of gut-associated microorganisms in the degradation of complex plant polymers have been reported in several soil invertebrates and detritivorous arthropods (Brune, 2014; Bredon et al., 2018). However, the present study demonstrates only the cellulolytic potential of cultivable isolates under laboratory conditions, and further investigations are required to establish their functional role within the mite gut.


3.6. Molecular characterization
Among the six isolates, only three bacterial DNA was successfully isolated, and the PCR amplification produced a clear single band for each of the 3 isolates. The 16S rRNA sequencing of the three bacterial isolates successfully produced good-quality 700-900 bp sequences. The BLAST analysis showed high similarity to known bacterial species without giving any ambiguous or conflicting species. Each biochemical group matched a different taxon. Among the three bacterial isolates, isolate 8 matched Priestia megaterium (formerly called Bacillus megaterium) with approximately 99% query coverage and top alignment to the reference sequence, such as MZ424518.1. Isolate 9 showed a top BLAST match with Pantoea dispersa with 100% query coverage and top alignment to the reference sequences MN428681.1 & MZ768656.1. The isolate 11 corresponded to the Bacillus cereus group with 100% query coverage and top alignment to the reference sequence, such as CP044978.1 & OQ40573.1. Thus, the molecular analysis of the homogenate of A. russeolus russeolus confirmed the presence of three distinct cultivable bacterial taxa associated with it.
The bacterial taxon isolated in the present study is known to have roles in the degradation of plant- and fungal-derived polymers in soil. The earlier reports suggest that Priestia megaterium is involved in the production of cellulolytic and amylolytic enzymes (Ray et al., 2012), members of the Bacillus cereus group are widely known for their proteolytic and chitinolytic potential (Kaur et al., 2019), and Pantoea dispersa contributes to lignocellulose transformation and nitrogen cycling in detrital habitats (Walterson & Stavrinides, 2015). The presence of such bacterial taxa may help oribatid mites in the digestion of complex organic polymers in their diet. This mentions a functional association between the mite and its gut microbiota. The microbial associations within the digestive tracts of oribatids have been documented in previous studies (Renker et al., 2005; Eriksson & Ahrén, 2011). Wolf and Rockett (1981) also managed to isolate Bacillus, Pseudomonas, and coryneform bacteria from the guts of mites through culture-based methods, indicating that bacterial groups from the soil are often part of the oribatid microbiome. More recent molecular studies have further validated that the gut communities of oribatids are specific to their taxa and primarily consist of microbial groups that play a role in the breakdown of organic matter (Bluhm et al., 2019; Gong et al., 2022). The bacterial taxa found in the current study align well with these previous findings, particularly the consistent identification of Bacillus/Priestia in the digestive systems of oribatids. 


4. Conclusion
Six morphologically distinct cultivable bacterial isolates were recovered from pooled, surface-sterilised adults of Allonothrus russeolus russeolus. Five isolates showed qualitative cellulose hydrolysis on carboxymethyl cellulose agar. Partial 16S rRNA gene sequencing identified three isolates as Priestia megaterium, Pantoea dispersa, and a member of the Bacillus cereus group. The results demonstrate that cellulolytic bacteria can be cultured from homogenised mites under the experimental conditions used. However, the study does not establish whether these bacteria are stable gut residents or whether they contribute to cellulose digestion or decomposition in natural soil environments. The findings should therefore be regarded as preliminary baseline observations that support further replicated investigation using gut dissection, quantitative cellulase assays, sequence deposition, and culture-independent microbial analysis.
Limitations
The study used a single pooled sample of 20 mites and did not include independent biological replicates. Whole mites were homogenised without gut dissection, and final-rinse or body-imprint controls were not reported. Only nutrient agar and one incubation condition were used, restricting recovery to a small cultivable fraction. Cellulolytic activity was assessed qualitatively without replicated zone measurements or enzyme quantification. Only three of six isolates were sequenced, and no newly generated sequence accession numbers were provided. These limitations prevent conclusions concerning bacterial prevalence, gut localisation, host benefit, or contribution to organic-matter decomposition.
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Fig. (1a) Initial bacterial colonies & (1 b) Purified individual bacterial colonies isolated from A. russeolus russeolus
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Fig.2. CMC-Congo red plate showing cellulose hydrolysis by bacterial isolates
.  [image: ]



Table 1. Gram staining
	STRAIN CODE
	GRAM STAINING, ROD/COCCI

	1
	+VE, Rod

	2
	+VE, Rod

	4
	-VE, Rod

	8
	-VE, Rod

	9
	+VE, Rod

	11
	+VE, Rod






Table 2. Biochemical characteristics of the three isolated bacterial colonies
	STRAIN
CODE
	INDOLE 
	MR
	VP
	CITRATE
	CATALASE
	OXIDASE
	
	TSI
	
	
	

	
	
	
	
	
	
	
	GLU
	LAC
	SUC
	GAS
	

	1
	+ve
	+ve
	+ve
	+ve
	+ve
	-ve
	+ve
	-ve
	-ve
	-ve
	

	2
	+ve
	+ve
	+ve
	-ve
	+ve
	-ve
	+ve
	+ve
	+ve
	-ve
	

	4
	+ve
	+ve
	-ve
	-ve
	+ve
	-ve
	-ve
	-ve
	-ve
	-ve
	

	8
	-ve
	-ve
	-ve
	-ve
	+ve
	-ve
	+ve
	+ve
	+ve
	-ve
	

	9
	-ve
	+ve
	+ve
	+ve
	+ve
	+ve
	+ve
	-ve
	-ve
	-ve
	

	11
	-ve
	-ve
	+ve
	-ve
	+ve
	+ve
	+ve
	+ve
	+ve
	+ve
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